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ABSTRACT: Amphiphilic polymers, specifically combinations of hydrophilic and
hydrophobic residues, have been shown to be effective as antifouling materials against
the algae Ulva linza and Navicula diatoms. Here we use the inherent sequence specificity
of polypeptoids made by solid-phase synthesis to show that the sequence of hydrophilic
(methoxy) and hydrophobic (fluorinated) moieties affects both antifouling and fouling
release of U. linza. The platform used to test these sequences was a polystyrene-b-
poly(ethylene oxide-co-allyl glycidyl ether) (PS-b-P(EO-co-AGE)) scaffold, where the
polypeptoids are attached to the scaffold using thiol−ene click chemistry. The
fluorinated moiety is very surface active and directs the surface composition of the
polymer thin film. The position and number of fluorinated groups in the polypeptoid
are shown to affect both the surface composition and antifouling properties of the film.
Specifically, the position of the fluorinated units in the peptoid chain changes the
surface chemistry and the antifouling behavior, while the number of fluorinated residues
affects the fouling-release properties.

In nature, the sequence specificity of polypeptides mediates
the complex interactions between organisms and their

environment. Small variations in sequence, size, and
composition can have large effects on the structure of a protein
or on binding affinity. In this study we use sequence-specific
polypeptoids,1 a class of oligomers similar to polypeptides, to
study these effects on the interaction between the fouling alga
Ulva linza and the surfaces they colonize. There are a large
number of studies investigating amphiphilic coatings for
antifouling, but synthetic challenges have made it difficult to
understand how polymer architecture and the combination of
the hydrophilic and hydrophobic groups affect the settlement
and adhesion of fouling organisms. Most groups have
investigated randomly combined hydrophobic and hydrophilic
oligomers2−4 or diblock chains with hydrophilic and hydro-
phobic blocks.5−8 Additionally, molecular patterning of two
distinct polymer chemistries on the length scale of micro-
meters9 and tens of nanometers10 has been shown to affect the
behavior of zoospores of U. linza.

In this study we use peptoids containing only the two
functional groups shown in Figure 1a, a hydrophilic N-(2-
methoxyethyl)glycine unit, and a hydrophobic N-
(heptafluorobutyl)glycine unit. These functional groups were
chosen to match the chemistry of amphiphilic polymer films
shown by other groups to be antifouling11,12 and allow us to
explore sequence space to determine design rules for
amphiphilic antifouling polymers. The polypeptoids were
presented on the surface of a thin film using a polystyrene-b-
poly(ethylene oxide-co-allyl glycidyl ether) (PS-b-P(EO-co-
AGE))13,14 scaffold, where the peptoids are attached to the
polymer via thiol−ene click chemistry12 as shown in Figure 1b.
A previous study of PS-b-peptoid model block copolymer

systems indicated that fluorinated peptoid monomers drive
surface segregation of a predominantly hydrophilic peptoid
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block.15 The carbon edge near edge X-ray absorption fine
structure (NEXAFS) spectrum shown in Figure 2 shows that

the same is true for the PS-b-P(EO-co-AGE) copolymer system
used here (23k PS, 46k PEO, 3 mol % AGE). In Figure 2 it is
apparent that in the case of the fluorine-deficient peptoid, AGE-
12merD shown in Table 1, PS segregates at the top 2 nm16 of

the surface as characterized in Figure 2 by the sharp C 1s →
π*CC transition at 285.5 eV, and there is no evidence of the C
1s → π*CO or the C 1s → σ*C−O transition (at 288.6 and
289.5 eV) that is characteristic of polypeptoids and PEO,
respectively. In this case, the PS has a lower surface free energy
than the peptoid or the PEO and therefore forms a wetting

layer at the surface of the film. However, fluorocarbon bonds
have an even lower surface free energy and will segregate to the
surface on top of the PS. When a fluorocarbon group is
attached to the polypeptoid and PEO domains of the polymer,
it provides a sufficient driving force to drag the polypeptoid and
the PEO to the surface as well, effectively pushing the PS
deeper into the film. This can be seen in the case of the
fluorinated peptoid AGE-S2 in Figure 2 where no C 1s →
π*CC transition is observed. Instead, typical PEO and peptoid
π and σ transitions can be observed as well as the σ*C−F
transition at 293 eV. Moreover, Figure 2 shows that closer to
the surface (θ = 120° is more surface sensitive than θ = 55° as
discussed in Figure S2, Supporting Information) the π*C=O,
σ*C−N, and σ*C−F transitions are more pronounced, indicating
that peptoid chains are concentrated at the surface since the
fluorocarbon is attached directly to the peptoid.
A systematic study of the surface segregation behavior of the

complete fluorinated peptoid series listed in Table 1 gives
further insight into our control of surface composition with the
modular PS-b-P(EO-co-AGE/peptoid) copolymers. There is a
strong dependence of surface chemistry on the position of the
fluorinated moiety in the peptoid, despite the identical overall
chemical composition of the peptoid and therefore the overall
polymer. The fluorinated groups were placed at the beginning
of the peptoid (closest to the PEO backbone), in the middle of
the peptoid, or at the end of the peptoid (farthest from the
PEO backbone). All of these peptoids were 15 repeat units
long, containing three N-(heptafluorobutyl)glycine residues
and 12 N-(2-methoxyethyl)glycine residues. They are composi-
tionally identical with a molar mass of 2228 Da as observed by
matrix-assisted laser desorption ionization (MALDI). The
carbon edge NEXAFS spectra shown in Figure 3a show that
the σ*C−F peak from the peptoid and the π*CC peak from the
PS are similar for all three sequences. For all three the surface is
covered by the surface-segregating fluorocarbon as indicated by
a large σ*C−F peak, and PS is effectively covered by PEO and
peptoid as indicated by the very small π*CC peak. However,
there is a clear difference between the different sequences in the
amount of PEO as compared to peptoid as seen in the σ*C−N
and σ*C−O peaks. Because these peaks are close together and
the peptoid is the only source of nitrogen in the system, it is
informative to use the nitrogen edge NEXAFS spectrum shown
in Figure 3b as an indicator of peptoid content at the surface
(partial electron yield at this energy is shown in Table 1). As
the fluorinated units were moved from the outer edge of the
peptoid toward the PEO backbone, the amount of peptoid at
the surfaces decreased as seen in Figure 3b, and the amount of
PEO increased because when the fluorine is at the end of the
peptoid it dragged only peptoid toward the surfaces, covering
the surface with fluorinated peptoid chain ends. However, when
the fluorine is close to the PEO backbone, both the PEO and

Figure 1. (a) Peptoid monomers used in this study, symbol, and abbreviation used to present them. (b) Thiol−ene click chemistry is used to
functionalize PS-P(EO-co-AGE) with thiol-terminated peptoids to make a comb-shaped polymer. This functionalized polymer will be called AGE-
(peptoid name).

Figure 2. Carbon K-edge NEXAFS spectra of AGE-S2 (sequence on
right) at two different θ. The dashed line represents a polystyrene
surface spectrum, visible for the parent AGE copolymer or when only a
hydrophilic thiol 12mer is coupled to the AGE copolymer.

Table 1. Polypeptoid Sequences Used in This Study, Where
Yellow (Light) Is N-(Heptafluorobutyl)glycine, Green
(Dark) Is N-(2-Methoxyethyl)glycine, and the Dash Is the
Thiol End of the Peptoida

aThe PEY at 408.5 and 293.8 eV is indicative of the amount of peptoid
and fluorine at the surface, respectively.
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the peptoid are dragged to the surface, and the surface is
covered with fluorinated peptoid loops.
As one might expect, the length of the peptoids also has an

effect on the thin-film surface composition. In this case,
peptoids were five, ten, and fifteen repeat units long and
contained one, two, and three fluorinated residues, respectively.
The nitrogen NEXAFS spectra in Figure S3 (Supporting
Information) and PEY in Table 1 show that there is less
peptoid at the surface of the films with shorter peptoids due to
a lower volume fraction of peptoid in the film. From the carbon
edge we see that there is a small increase in σ*C−F peak height
with increasing fluorinated residue content. However, there is
an increase in the size of the π*CC peak, indicating an increase
in PS content with decreasing peptoid size. This indicates that
the five unit and ten unit long peptoids are not able to
completely cover the PS and that to achieve a PS-free surface a
higher peptoid volume fraction or larger groups are needed.
Finally, Figure S3 (Supporting Information) shows that the

fraction of fluorinated groups can be used to control the surface
segregation. Decreasing the number of heptafluorobutyl groups
does not change the amount of peptoid at the surface as seen in
the nitrogen edge NEXAFS spectra, indicating that one group is
sufficient to drag all geometrically accessible peptoids to the
surface. As expected, we observe an increased σ*C−F signal for
higher fluorine content polymers, but we also see a
corresponding decrease in PS because the heptafluorobutyl
groups are larger than the methoxyethyl groups and are more
effective at covering the underlying PS.
These surfaces were used to study the effect of sequence and

surface chemistry on the settlement (attachment) of zoospores
and the adhesion strength of sporelings (young plants) of U.

linza, a widely studied fouling alga. In this system, polystyrene
imparts stability to the film, but it is known to be attractive to
spore settlement and is thus undesirable at the surface.10 In this
case, the heptafluorobutyl groups are used not only to direct
the surface chemistry but also as the hydrophobic residue of our
amphiphilic coating.
Assays with zoospores are shown in Figure 4 and

demonstrated that while all the surfaces were antifouling with

respect to the glass and PDMS standard the sequence in the
peptoid affects both settlement behavior as well as the release
properties of sporelings, the young plants that develop from
settled spores. Notably, the position of the fluorinated residues
in the peptoid has a large effect on the spore settlement density,
with the most settlement on the peptoid with the fluorines on
the end of the peptoid. This may be due to the decreased

Figure 3. NEXAFS spectra of AGE-(peptoid) copolymers show the
surface chemistry of the films. (a) The carbon K-edge spectra show
that the surface is dominated by peptoid, PEO, and fluorocarbon units
and that there is negligible PS at the surface. They also show that the
overall composition of the three surfaces is very similar. (b) The
nitrogen K-edge spectra show that there is slightly more peptoid at the
surface when the fluorine is at the end of the peptoid.

Figure 4. Antifouling and fouling-release assays on peptoid surfaces.
(a) Density of attached spores on peptoid surfaces after 45 min
settlement. All surfaces performed well as antifouling materials
compared to the glass and PDMS standards. The position of the
fluorine in the peptoid affects spore settlement, while peptoid length
and fluorine number do not have a marked effect. Each bar is the mean
from 90 counts on three replicate slides. Bars show 95% confidence
limits. (b) Percent removal of sporelings (young plants) from the
surfaces after exposure to an impact pressure of 160 kPa, generated by
a calibrated water jet. The fluorine content of the peptoid and peptoid
length affect fouling release, whereas fluorine position has no effect. As
expected, there is high removal of sporelings from the PDMS (fouling-
release) standard and no removal from the glass standard. Each bar
shows the mean percentage removal of sporeling biomass from six
replicate slides. Bars show standard error of the mean.
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amount of PEO at the surface, meaning that PEO is better at
antifouling than the peptoid itself. While methoxyethyl
peptoids have not been previously tested against Ulva, they
have been shown to be resistant to protein adsorption and cell
adhesion, similarly to PEO.17 Alternatively, the geometry of the
polymers at the surface may play a role. When the fluorine is at
the end of the peptoid farthest from the PEO backbone, the
surface is populated by fluorinated chain ends, whereas when
the fluorine moves toward the PEO backbone, the surface is
populated by fluorinated polymer loops. The chain ends will
have more available conformations and a lower surface energy
than the corresponding loops and may have caused the
difference in settlement density. The position does not
markedly affect the fouling-release properties of the surface.
Peptoid length does not markedly affect antifouling as seen

in Figure 4. However, both length and number of fluorinated
residues have a large effect on fouling release, where peptoids
with fewer heptafluorobutyl groups have better fouling release
(i.e., higher % removal of sporelings). While this is unusual as
increased fouling release is often associated with higher
fluorocarbon content,18 a similar trend was observed by
Dimitriou et al. at very low fluorocarbon content.12 It is
interesting to note that the dominant factor in the peptoids of
different length is not the size of the peptoid, but the number of
fluorinated residues. In this series, the heptafluorobutyl volume
fraction in the peptoid was kept the same, meaning that they
contained different numbers of fluorine groups. Both the spore
settlement density and the release of sporelings from these
peptoids reflected the results obtained for the peptoids with a
different number of heptafluorobutyl groups.
We have found that peptoid sequence in our PS-b-P(EO-co-

AGE/peptoid) thin films has a profound effect on both surface
structure and marine antifouling properties. Using only two
peptoid units, a hydrophilic N-(2-methoxyethyl)glycine unit
and a hydrophobic N-(heptafluorobutyl)glycine unit, we are
able to explore the effect of sequence on the properties of
interest. For example, polymer thin films with identical
chemical composition but different fluorinated group position
have different surface composition because the fluorinated
group will drag whatever portion of the polymer it is closest to
the surface. These films also have different antifouling and
fouling-release properties, though it is unclear whether these
differences are due to the difference in surface chemical
composition, surface structure, or a combination of the two.
Studies of sequence-specific peptoid films must be expanded to
identify the most important aspects of the sequence to obtain
good antifouling properties. Additionally, the highly control-
lable system presented in this work is a unique opportunity to
study the effect of grouping and sequence of other antifouling
chemistries such as zwitterions.19,20 These insights into the
relationship between architecture and sequence can be used to
design the next generation of amphiphilic antifouling/fouling-
release coatings.
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